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Nanostructural deformation 
of high‑stiffness spruce wood 
under tension
Lynne H. Thomas1, Clemens M. Altaner2, V. Trevor Forsyth3,4,5, Estelle Mossou3,4,5, 
Craig J. Kennedy6, Anne Martel3 & Michael C. Jarvis7*

Conifer wood is an exceptionally stiff and strong material when its cellulose microfibrils are well 
aligned. However, it is not well understood how the polymer components cellulose, hemicelluloses 
and lignin co‑operate to resist tensile stress in wood. From X‑ray scattering, neutron scattering and 
spectroscopic data, collected under tension and processed by novel methods, the ordered, disordered 
and hemicellulose‑coated cellulose components comprising each microfibril were shown to stretch 
together and demonstrated concerted, viscous stress relaxation facilitated by water. Different 
cellulose microfibrils did not all stretch to the same degree. Attempts were made to distinguish 
between microfibrils showing large and small elongation but these domains were shown to be similar 
with respect to orientation, crystalline disorder, hydration and the presence of bound xylan. These 
observations are consistent with a major stress transfer process between microfibrils being shear at 
interfaces in direct, hydrogen‑bonded contact, as demonstrated by small‑angle neutron scattering. 
If stress were transmitted between microfibrils by bridging hemicelluloses these might have been 
expected to show divergent stretching and relaxation behaviour, which was not observed. However 
lignin and hemicellulosic glucomannans may contribute to stress transfer on a larger length scale 
between microfibril bundles (macrofibrils).

Abbreviations
FTIR  Fourier-transform infrared
SANS  Small-angle neutron scattering
WANS  Wide-angle neutron scattering
WAXS  Wide-angle X-ray scattering
NMR  Nuclear magnetic resonance
FWHM  Full width at half maximum
SD  Standard deviation

Wood, the most abundant material in the biosphere, is resurging in commercial importance due to its mechanical 
performance, its sustainability and its potential to lock up carbon for a century or more when used in build-
ing  construction1. Every tree contains wood with widely varying mechanical properties, exquisitely adapted to 
local  function2,3. An understanding of how trees control the local properties of the wood they synthesise would 
not only illuminate their functional  morphogenesis2 but would also reveal ways of growing timber for optimal 
commercial  properties1. Understanding the way in which the mechanical properties of wood emerge from its 
 nanostructure4 could inspire a new generation of composite materials based on nanocelluloses or on synthetic 
fibre  polymers4.

New spectroscopic methods have recently advanced our knowledge of the structure of wood at the 
 nanoscale5,6, although this new structural understanding has not yet been incorporated into concepts or numeri-
cal models of the mechanical performance of wood. Dry coniferous wood cell walls contain about 45–50% (by 
mass) of cellulose chains packed non-covalently into ~ 3 nm microfibrils. Each microfibril includes ordered 
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domains where the tg C-6 conformation of the β(1,4′) linked glucose units permits a pair of axial hydrogen 
bonds to stabilise the covalent glycosidic linkage between the  monomers7, leading to exceptional tensile  stiffness8. 
In other domains at the microfibril surface, one of these hydrogen bonds can instead be oriented outwards to 
interact with other polymers or  water6,9. The hemicellulosic polysaccharides glucomannan and xylan, making up 
20–25% of the dry cell-wall mass, coil randomly when unconfined in solution but can adopt chain conformations 
similar to cellulose chains on the surface of microfibrils and bind to cellulose  surfaces5,10. The aromatic polymer 
lignin comprises 25–30% of the dry mass and is covalently linked to  hemicelluloses11. Cellulose microfibrils 
aggregate into loosely structured macrofibrils, typically 15–20 nm in  diameter12. There are at least occasional close 
interactions between all the cell-wall  polymers5,13, but much of the xylan appears to be within the macrofibrils 
and is bound to cellulose  surfaces5, whereas more of the glucomannan and lignin lie between the  macrofibrils13,14. 
There is little difference in chemical composition between wood with high and low tensile stiffness. Instead, 
the tensile properties depend predominantly on the microfibril angle, the winding angle of the cellulose in the 
dominant  S2 layer of the softwood cell  wall15.

In comparison with other non-mineralised biomaterials, wood is in general stiff and  elastic16, but its tensile 
deformation has a complex mixture of elastic (reversible) plastic (irreversible) and viscous (time-dependent) 
 components17. The non-elastic components are more conspicuous under the water-saturated conditions within 
a living tree than in dry constructional timber, and may be involved in the exceptional fracture resistance of 
wood, through damping external forces or internal  phonons18,19. However we do not know much about the 
internal mechanisms through which wood elongates under tensile stress, nor about the contributions of its 
diverse polymers to these mechanisms. Simple tensile stiffness cannot be the sole adaptive consideration when 
the stiffest polymer component, the tg-conformation cellulose chains, comprise only about 20% of the dry  mass5.

In wood with high microfibril angles, the cellulose microfibrils do not stretch appreciably but rotate towards 
the axial direction of the stress, and simultaneously slide along one  another2,17. In wood with low microfibril 
angle, and therefore with high tensile modulus and tensile strength, much of the overall elongation comes from 
stretching of the cellulose chains  themselves8 but the crystallographic strain shown by the microfibrils is less 
than the strain shown by the wood  itself20,21. There must therefore be a contribution from either stretching of 
non-crystalline segments of the  microfibrils20 or shear between microfibrils or  macrofibrils18,22,23. The matrix 
between macrofibrils, and some of the microfibril surfaces, are  hydrated21,24,25. Hydration reduces the tensile 
modulus of  wood22.

The most detailed information on wood nanostructure has come from multidimensional NMR  experiments5, 
but these cannot be conducted under controlled mechanical tension. X-ray scattering has been used to study the 
elongation and reorientation of cellulose under  tension20,21,26, but not the less ordered components, although these 
also scatter X-rays27 and structural information can be derived from diffuse  scattering28. The differential scatter-
ing from deuterium and hydrogen allows neutron diffraction experiments in which disordered,  D2O-accessible 
domains can be  distinguished29. Deuterium exchange also enables the identification of accessible polymer chains 
by FTIR  spectroscopy30, where bandshifts indicate changes in the length of covalent bonds within each chain 
under  tension8.

Here we describe a combination of X-ray scattering, neutron scattering and FTIR spectroscopy under tension, 
on Sitka spruce wood with low microfibril  angle9. We introduce novel methods of data processing to extract 
small, tension-induced shifts from the diffraction and spectroscopic data. The aim was to explore the ways in 
which the constituent polymers of the wood cell wall interact to resist tension.

Results
Tensile properties. It was not possible to measure stress during the scattering and FTIR experiments on 
spruce wood under controlled tensile strain. Instead, the stress–strain and stress relaxation properties of the 
same wood samples were measured separately: see SI. Thin (< 1 mm) softwood samples differ, quantitatively at 
least, in their tensile  properties18. The 20 µm thick samples used for FTIR were less stiff than the 0.5 mm samples 
used for the scattering experiments and showed larger irreversible and time-dependent elongation fractions 
(Table S1), but had quite similar stress-relaxation kinetics (Fig. S1).

Polymer reorientation under tensile stress. Reorientation of microfibrils under tension was meas-
ured by WAXS, WANS and SANS. For all three scattering methods, with and without deuteration in the case 
of WANS, the orientation distribution was similar and could be modelled as a Gaussian function with standard 
deviation σ = 5–6° with additional, lower-intensity wings extending to about 30° from the axis (Fig. S2). It is 
likely that the orientation distribution extended to higher angles corresponding to microfibrils in the S1 and S3 
layers of the cell  wall31, but the complexity of the background in the diffraction patterns made such measure-
ments impracticable. The changes in orientation distribution under tension were too small to be reliably meas-
ured by WAXS or WANS, but a slight narrowing was recorded by SANS (Fig. S3). With such a small change in 
orientation distribution under tension, the gain in length from rotation of the microfibrils (cosine effect)21 was 
negligible.

Elongation of the cellulose unit cell under tension. Because each microfibril can be considered as a 
partially disordered crystal, the stretching of the microfibrils can be measured from changes in the position of 
their axial reflections in  WAXS8,20 experiments. WANS under tension is also possible in principle but challeng-
ing due to the large sample cross-section required, and has not to our knowledge previously been attempted. 
The principal axial reflection in the diffraction pattern of cellulose Iβ is the 004, corresponding to a lattice plane 
spacing of one quarter of the unit cell, or half the length of one glucosyl  unit32.
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When the stretching of microfibrils (crystallographic strain) was monitored directly from the 004 reflection 
in WAXS, it increased linearly with the macroscopic stretching of the sample up to the point of fracture (Fig. 1A). 
The crystallographic strain was about 25% of the macroscopic strain in the WAXS experiments. Published 
observations of crystallographic strain are consistently less than macroscopic strain with appropriate correc-
tions although the ratio varies between published  experiments20,21,26. The position of the 004 reflection with no 
applied strain varied significantly between samples (Fig. 1A), as has been observed  previously33,34, perhaps due 
to residual growth stresses.

Change in radial width of the 004 reflection under tension. The radial width of the 004 reflection 
arises partly from Scherrer broadening and partly from variation in the length of the unit  cell20. These two con-
tributions are not easily distinguished unless the widths of sufficient higher-order reflections can be  measured28, 
which is not the case for wood. In principle variation in unit cell length across all cellulose components, together 
with any non-cellulosic polysaccharides that share the main-chain conformation, orientation and disaccharide 
unit length of cellulose, can contribute to the radial width of the 004  reflection28.

In all WAXS experiments where the radial width of the 004 reflection could be measured with sufficient 
precision, either without tilting the sample (Figs. 1B and S4) or at the appropriate tilt angle of 7° (Fig. S5), this 
reflection became broader as it shifted inward under tension. The broadening was quantified by using the slope 
integral  method8 to estimate the change in local shift across the width of the reflection (Fig. S6). At the outer 
side of the reflection the shift was near zero, increasing at the inner side to almost double the shift at the centre. 
That is, the crystallographic strain in the microfibrils varied from near zero to about half of the macroscopic 
strain, with a mean ratio of about 0.25.

We looked for any features that might distinguish between microfibrils showing high and low crystallographic 
strain. One testable hypothesis is that microfibril segments that deviate from the mean orientation in the S2 
layer of the cell wall are less stressed in tension and thus show less crystallographic strain, in the same way as all 
microfibrils in high-MFA wood carry less stress.

To examine the 004 shift in two dimensions a novel approach to the analysis of the WAXS data was developed, 
termed correlative shift mapping (Fig. 2). Like slope integral analysis, correlative shift mapping allows local shifts 

Figure 1.  Changes in position and width of the 004 WAXS reflection, measured without tilting the sample. (A) 
Change in position: decreasing q with strain. Four experiments are shown separately (red, blue, green, purple), 
showing variation in both starting position and slope. (B). Strain dependence of the fitted width (FWHM) of the 
004 reflection in the same four experiments. 2-Way ANOVA showed that between zero strain and 0.8% strain 
there were significant changes in the fitted position of the 004 reflection (F = 10.1, P < 0.05) and in fitted width 
(F = 11.2, P < 0.05).
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to be identified within the diffraction pattern, but the two methods are based on different mathematical princi-
ples. The largest shift was concentrated along the lower (inner) edge of the 004 reflection, as expected from the 
slope integral analysis in Fig. S6. If it were the best-oriented microfibrils that carried most of the load, the area 
of maximum shift would be expected to curve upwards on each side of the axis. That was not the case. The line 
of maximum shift was straight and horizontal, showing that microfibril orientation made no difference to the 
crystallographic strain up to at least 15° on either side of the axis.

Another testable hypothesis is that less ordered cellulose, or any non-cellulosic polysaccharides contributing 
to the 004 reflection, undergo a different level of strain from crystalline cellulose. This was the initial rationale 
of the WANS experiments, since less-ordered cellulose and non-cellulosic polysaccharides can in principle be 
tagged by vapour-phase  deuteration29. The scattering contrast underlying X-ray and neutron diffraction depends 
on different structural features: mainly the distribution of C and O atoms in WAXS and H or D atoms in  WANS32. 
Surface cellulose (and hemicellulose) chains that are accessible to deuterium  exchange24,25, make an increased 
contribution to the WANS pattern after deuteration. Nevertheless the mean position and width of the 004 reflec-
tion were not significantly different in all three types of diffraction experiment (Table S3).

There was variation between WANS experiments under tension (Fig. 3). Ideally each experiment would 
start with a very slight pre-tension on the sample, but due to friction in the tensioning device this was not 
always achieved. The deuterated samples in particular showed a variable lag before they began to stretch, but 
this observation was probably an artefact and cannot safely be interpreted. There was no significant difference 
in slope between the deuterated and non-deuterated samples over six experiments at three moisture contents 

Figure 2.  (A) 2D intensity map of the 004 reflection in polar co-ordinates. (B) local shift in q under 0.9% tensile 
strain, expressed in 2D by correlative shift mapping. Mean of four experiments. It is not practicable to indicate 
variation from the mean in a 2D plot but the reproducibility can be gauged from Figs. 1, S4 and S6 which are 
derived from 1D axial slices through the same data sets.

Figure 3.  Changes in position q and width, expressed as standard deviation σ after Gaussian fitting, of the 004 
WANS reflection under tension with and without deuteration. Mean of 6 experiments. Error bars indicate 1 SD. 
The difference in position q between the H and D forms was non-significant by ANOVA.
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(Fig. 3). In the H form, the 004 reflection broadened significantly as it moved inward under tension, as in the 
WAXS experiments. In the D form, the effect of tension on the width of the reflection was non-significant (Fig. 3).

The approximate position and width of the 004 reflection were recovered when the tensile stress was removed 
(Fig. S7), despite substantial irreversible macroscopic elongation of the sample (Table S1).

Minor axial reflections in WAXS and WANS. In the X-ray and neutron diffraction patterns from cel-
lulose Iβ the 001 and 003 reflections are absent and the 002 reflection is very  weak32. Modelled WAXS patterns 
from small disordered microfibrils include the 002 and 003 reflections at very low  intensity35. However in the 
WANS patterns from spruce wood (Fig. 4A),  hardwoods29 and  bamboo27 these reflections were clearly visible at 
10–25% of the maximum 004 intensity after deuteration, but not without deuteration. In spruce wood, the 002 
and 003 WANS intensity increased on hydration (Fig. 4A). The 002 and 003 reflections were also present in the 
WAXS patterns from spruce wood, where they increased slightly in intensity on hydration (Fig. 4B).

The axial unit cell dimension estimated from the 002 and 003 WAXS reflections was 1.4% shorter than that 
measured from the 004 (Fig. S8A) with or without tilting the sample. The azimuthal width of the 002 and 003 
reflections was approximately 12° (Fig. S8B), expressed as σ for a fitted Gaussian function; twice as wide as the 
main part of the 004, 200 and other major reflections, although these also contained a minor broad component 
(Fig. S8C). The increased azimuthal width might imply a contribution from diffuse scattering. Figure 5 shows that 
diffuse scattering intensity was present along the second and third layer lines, particularly along the third layer 
line. Diffuse layer-line intensity is commonly associated with aligned but laterally disordered  fibres36. However 
even separating out the diffuse scattering by correlative shift mapping (see below) the azimuthal width and unit 
cell length for the discrete part of the 002 reflection were greater than for the 004.

Figure 4.  Minor axial reflections. (A) WANS axial profiles from wet and dry Sitka spruce wood, showing the 
002, 003 and 004 reflections (n = 1). (B) WAXS axial profiles from wet (blue) and dry (red) Sitka spruce wood, 
normalised on the intensity of the 004 reflection (n = 4). By one-way ANOVA (n = 4) the increased relative 
intensities of the 002 and 003 reflections in the hydrated state were significant (002: F = 39.2, P < 0.001; 003: 
F = 6.3, P < 0.05).
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The diffuse components of the 002 and 003 reflections therefore should represent domains that are less 
ordered than the rest of the cellulose microfibrils. By comparing relative shifts in these reflections with those in 
the 004 reflection, it should be possible to detect any differences in molecular strain between crystalline cellulose 
and these less ordered domains, within a single experiment. In the WANS experiments the signal/noise ratio 
was insufficient to locate the radial centres of the minor axial reflections with enough precision to estimate shifts 
under tension: this was only possible, although challenging, in the WAXS experiments and only without tilting.

The 002 and 003 WAXS reflections moved inward under tension as did the 004 reflection. When averaged 
over five experiments in which the correlations of the 002, 003 and 004 q values to nominal macroscopic strain 
exceeded 0.8, the slope ratio 002 : 004 was 1.04 (SD = 0.25) and the slope ratio 003 : 004 was 0.88 (SD = 0.13), 
both slope ratios being non-significantly different from unity. Thus the increase in axial dimension under ten-
sion, measured from the 002 and 003 reflections, did not differ significantly from the increase in axial dimension 
measured from the 004 reflection. This analysis is based on the q values at the azimuthal centre of each reflection, 
which contains a contribution from scattering intensity along the second and third layer lines. Using the correla-
tive shift mapping approach, these scattering contributions were disentangled as shown in Fig. 5.

The shift at the 002 reflection as shown in Fig. 5 was largely restricted to the discrete reflection itself. Similarly, 
most of the 003 shift was concentrated at the discrete 003 reflection with any shift difficult to distinguish from 
noise in the arcing region of diffuse scattering intensity along the third layer line on either side. In the region 
of the 003 reflection there was also an arc of increased shift at about q = 18 nm−1, but the scattering intensity 
there was too low to represent any major component of the wood material. These observations imply that the 
structural features that gave rise to the discrete 002 and 003 reflections stretched together with the rest of the 
microfibril lattice under tension, but there was little stretching of the disordered chains responsible for the dif-
fuse layer-line scattering.

Changes in microfibril spacing estimated by SANS. Deuterated spruce wood gives two overlapped 
coherent SANS peaks: a major peak with a characteristic spacing of 3.0 nm when  dry9, corresponding to close-
packed 3 nm microfibrils and widening on hydration. A minor 3.7 nm peak has been interpreted as microfibrils 
separated by bound  xylan14. To determine if microfibril spacings changed under stress, SANS data were collected 
during a stress-relaxation experiment on deuterated spruce wood (Fig. S9). There was no detectable change in 
the position of the main coherent SANS peak under tension or stress relaxation, implying that the characteristic 
centre-to-centre spacing of uncoated microfibrils remained unchanged, even though the microfibril diameter 
would have been expected to decrease under tension according to the Poisson ratio of about 0.5 for  cellulose8. 
The position of the minor SANS peak could not be estimated with enough precision for comparison.

FTIR bandshifts under tension. Stretching a polymer chain leads to elongation and weakening of the 
linkages that hold the chain together, and a consequent shift in the frequency of their stretching vibrations that 
can be measured by FTIR  spectroscopy30. This approach has been used to distinguish the mechanical contribu-
tions of different polymers in  wood22.

Figure 5.  Correlative shift map of the axial region of the WAXS patterns under tension (right) compared with 
scattering intensity (left) in polar co-ordinates so that each layer line (yellow arrows) curves upward from the 
fibre axis at 270°. The scattering intensity scale and the contour scale of the shift map differ by a factor of 5 
from Fig. 2 to show the weaker features. Average of four experiments. It is not practicable to indicate variation 
from the average in a 2D plot but the reproducibility can be gauged from Figs. 1, S4, S6 and S9 which include 
estimates of variability in 1D. The 2D shift correlation was carried out in discrete regions around each pixel of 
the diffraction pattern (2° of azimuth and q = 0.15 nm−1), so that there was some smearing of the shifts and they 
were artificially smaller in regions of low scattering intensity. Quantification of the shifts in 2D was therefore not 
uniform and the contour scale is approximate.
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As applied to cellulose, mid-range FTIR spectroscopy is well  established30. However, a problem in apply-
ing this method to wood is the limited extent to which the spectra have been assigned, particularly to non-
cellulosic polymers in the 1000–1200 cm−1 region where most vibrational modes are highly coupled and overlap 
 strongly37. A more comprehensive set of assignments was built up by comparing transmission FTIR spectra 
from spruce samples that had been fractionated by chlorite delignification, alkali extraction and partial acid 
hydrolysis (Fig. S10), or deuterated (Fig. S11) and through comparison with literature  data24,25,38–40 from similar 
fractionation experiments and FTIR measurements on the isolated polymers (For details see SI). Crystalline 
and surface cellulose were readily distinguished by deuteration but there were more limited opportunities for 
unambiguous measurement of glucomannans and xylans. It should be noted that the longitudinally polarised 
band centred around 1160 cm−1, which has been widely used for assessing the orientation and stretching of 
crystalline  cellulose8,41, also contains overlapping contributions from less ordered cellulose, xylans, glucoman-
nans and even lignin.

A one-dimensional form of the correlative shift approach described above was adapted for plotting shifts in 
the FTIR spectrum under tension. With the additional assignments for the crowded 1000–1200 cm−1 spectral 
region this approach allowed more information on bandshifts to be extracted than has hitherto been possible. 
In this spectral region the clusters of split peaks comprising tensile difference spectra or dynamic  spectra42,43 are 
too complex to be readily interpreted and baseline subtraction is too imprecise for bandshifts to be estimated 
by the difference integral method.

Detectable bandshifts were associated with all forms of cellulose and to a smaller extent with glucomannans 
(Fig. 6), although overlapping bands assigned to different polymers were a common complication. Bandshifts 
associated with xylans were not consistently detected, because the regions of the spectra where xylan signals are 
expected (e.g. 940–950 cm−1) were crowded or had little slope so that correlation coefficients were low. However 
O-D stretching intensity at 2494 cm−1 in alkaline-deuterated samples is now thought to arise from cellulose chains 
underlying bound  xylan14. In this region negative bandshifts were observed (negative because O-D stretching 
vibrations move to higher frequency when the associated hydrogen bonds  elongate14). Their magnitude was 
slightly less than the 1162 cm−1 bandshifts (Fig. S11), consistent with similar magnitude to the corresponding 
O–H stretching bandshifts for non-deuterated  cellulose22 after correction for the isotope effect on frequency. 

Figure 6.  Above: FTIR spectra (solid lines) and spectral plots of bandshifts (open circles) in the non-polarised 
(A), longitudinally polarised (B) and transversely polarised (C) spectra of spruce wood elongating under tension 
from zero to 2.3% mean strain. Data from six experiments with error bars indicating 1 SD. For the spectra 
the vertical scale is absorbance. (D) bar chart of band assignments. Inset (E): negative bandshifts in the O-D 
stretching region around 2500 cm−1, with neutral and longitudinal polarisation coded in the same colours.
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This comparison implies that microfibril segments with and without bound xylans elongated to similar extents. 
Bandshifts associated with lignin were either non-significant or unconfirmed due to overlap (Fig. 6).

Where the signal/noise ratio was sufficient, bandshifts were approximately linear with strain up to the point 
of fracture (Fig. S12). In a few places bandshifts were associated with dips in the spectra, e.g. around 930 cm−1 
and 1200 cm−1. These were probably an artefact of the correlation-based approach where a dip was adjacent to 
a shifting band. Significant bandshifts were generally similar in the non-polarised, transverse and longitudinal 
spectra (Fig. 6), with exceptions where longitudinally and transversely polarised bands overlapped. For longitu-
dinally polarised bands the shift was not always significant in the transverse spectra and vice versa. The shift of 
the band around 1162 cm−1, formerly assigned to glycosidic C–O–C stretching of cellulose, decreased between 
1160 and 1170 cm−1 (Fig. 6), consistent with heterogeneous elongation of cellulose chains as observed through 
broadening of the 004 WAXS/WANS reflection, but this interpretation cannot be safely drawn from the FTIR 
experiments due to the contribution of other polymers to the complex 1162 cm−1 band. It should not necessarily 
be assumed that equal elongation of conformationally different cellulose chains, e.g. in the interior and surface 
regions of any microfibril, would give rise to equal bandshifts: apart from possible differences in vibrational 
coupling, cellulose chains with fewer intramolecular hydrogen bonds may elongate by straightening more than 
by stretching of the glycosidic linkage or the pyranose  ring8,44.

FTIR bandshifts were recorded during stress-relaxation experiments (Fig. S13), in an attempt to test the 
hypothesis that bridging elements involved in stress transfer between microfibrils would stretch more under 
tension, and would relax more completely when the sample was held at constant length and the stress decayed 
with biexponential kinetics (Fig. S1).

The cellulose stress-relaxation bandshifts associated with crystalline and disordered cellulose (Fig. S13) gen-
erally mirrored those during the initial stretching phase, with smaller magnitude and opposite sign, consistent 
with the microfibril stress relaxing simultaneously with the macroscopic stress. The tension-induced shift in the 
1162 cm−1 band, decaying during stress relaxation (Fig. S14), was well fitted by a dual-exponential kinetic func-
tion with the same fast and slow time constants as were measured for the decay of macroscopic stress (Fig. S1), 
although the fraction of the bandhift that relaxed with these kinetics was smaller than the fraction of the nominal 
macroscopic stress.

Delignified and vapour-deuterated samples were used to clarify the stress-relaxation behaviour of the non-
cellulosic polymers (Fig. S13). The 1087 cm−1 band assigned to glucomannan shifted on stretching but not 
significantly on relaxation. It was not possible to distinguish the 1087 cm−1 contributions of cellulose-bound 
and unbound glucomannans, so these were averaged. Bandshifts associated with the signals from the acetyl 
substituents on glucomannan, which are not expected to be load-bearing, were absent or inconsistent. After 
delignification, however, small positive relaxation bandshifts were observed for the 810 cm−1 glucomannan 
signal and the 1735 cm−1 acetyl signal (Fig. S13). Lignin bandshifts on stretching were generally non-significant 
but very small negative bandshifts, close to the limit of detection, were observed for some lignin bands during 
the relaxation phase.

The bands showing characteristic stretching and relaxation shifts in these experiments (Fig. S13) closely 
paralleled the split peaks in the synchronous and asynchronous spectra, respectively, obtained by dynamic 
 spectroscopy41, implying that relaxation phenomena on the timescale of dynamic spectroscopy  (10–1 s)42 resemble 
those on the  102 s–103 s relaxation timescale described here.

Creep led to very small, generally non-significant, bandshifts for all identifiable polymers after the initial 
imposition of the constant tensile load (Fig. S15).

Discussion
Our current understanding of the wood  nanostructure5 is based heavily on NMR methods that cannot be applied 
under mechanical stress. Vibrational spectroscopy and scattering methods have been used to study how the 
nanostructure of pliant wood with high microfibril angle deforms, under  stress45, by polymer reorientation and 
sliding. In wood with low microfibril angle, polymer stretching is more important than reorientation. Also, such 
wood is so stiff that structural changes under tension are small. The stretching of crystalline cellulose has been 
probed by X-ray scattering, but not the stretching of disordered polymers whose contribution to scattering pat-
terns is less understood. Vibrational bandshifts under tension have also been used, particularly in the 1162 cm−1 
FTIR band assigned to glycosidic C–O–C stretching mode in crystalline cellulose, but the ring and glycosidic 
C–O–C stretching modes for other polymer chains are hidden in the complex 1000–1130 cm−1 spectral region 
where many bands overlap and are hard to assign.

The present study included a number of innovations to overcome these problems: correlative shift analysis for 
extracting small shifts from complex spectroscopic and scattering datasets; X-ray and neutron scattering under 
tension, making use of the minor axial reflections that originate from structural disorder in the microfibrils; and 
more detailed FTIR assignments applied to time-dependent stretching experiments.

One aim of these experiments was to determine whether crystalline and disordered microfibril components 
stretched  together22. FTIR bandshifts, q shifts after deuteration in WANS and q shifts in the discrete 002 and 
003 WAXS reflections all indicated concerted stretching. The identity of the structural components responsible 
for the discrete 002 and 003 reflections is uncertain and  simulation7,46 of diffraction by wood microfibrils would 
be desirable before conclusions are drawn about their distinctive position and azimuthal width, but their broad 
azimuthal distribution is shared with the non-coherent SANS intensity and a portion of the 004 and other major 
WAXS reflections. They appear to represent microfibril domains that are less ordered, less aggregated and there-
fore more accessible to moisture and deuteration.

Where wood under tension has been studied by WAXS, a common observation is that the crystallographic 
strain, measured from the 004 reflection in cellulose, is less than the macroscopic strain. The ratio varies in 
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published experiments, from 0.1 or  less20 to near  unity34 due at least partly to the ‘thin sample’  effect18. It averaged 
about 0.25 in our WAXS experiments and 0.1 in WANS, the difference being partly due to relaxation during the 
long measurement times (> 1 h) in WANS.

It follows that the cellulose microfibrils must slide past one another as well as stretch. This observation raises 
several questions. What is the sliding mechanism, and what structural features resist it? Is it the same as the 
‘Molecular Velcro’ mechanism  suggested2,17 for wood with high microfibril angle? Where does it occur, within 
or between the microfibril bundles (macrofibrils) now known to occupy the main S2 layer of the softwood cell 
 wall12–14? Within the microfibril bundles, SANS experiments reported here and  elsewhere14 show that there is 
direct or hydrated contact between microfibril surfaces, some of which are xylan-coated5. The space between 
microfibril bundles is occupied by  lignin47 and acetylated  glucomannan14, which would be expected to deform 
if resisting shear.

We were not able to answer all the above questions but our findings narrow the range of possibilities. One 
hypothesis that can be excluded is that each microfibril contains long ordered and disordered domains in series, 
with stretching largely restricted to the disordered domains. The FTIR experiments and the WAXS and WANS 
data, including the WAXS data on the minor axial reflections, did not show that disordered cellulose stretched 
more than crystalline cellulose.

We were able to test the hypothesis that tensile elongation of softwood cell walls is resisted by non-cellulosic 
polymers bridging between microfibrils or, more likely, between macrofibrils. Viscous slippage of hemicellulose 
bridges (considered then to lie between microfibrils rather than between macrofibrils) was suggested to explain 
the non-elastic component of tensile deformation in the molecular Velcro hypotheses for high-MFA  wood2,17. 
Consistent with this hypothesis, the cellulose microfibrils returned to approximately their original unit cell length 
as measured by WANS, simultaneous with an irreversible increase in macroscopic sample length. If non-cellulosic 
bridging polymers were responsible they might be expected to show considerable extension or reorientation 
observable by FTIR, fully reversed on stress relaxation. Non-cellulosic polymers behaving in that way were not 
identified. Some of the glucomannans appeared to stretch and relax with the cellulose, perhaps because they 
were bound to microfibril  surfaces5. There were only slight signs of glucomannan and lignin perturbation during 
relaxation and creep, consistent with earlier observations on shorter timescales by dynamic  FTIR48,49. The dif-
fuse scattering on the second and third layer lines suggested that structures with partial orientational order but 
disordered packing did not stretch on the timescale of our experiments. This fraction would probably include 
at least parts of the lignin-glucomannan matrix between the macrofibrils.

The observation that microfibrils stretched to varying extents, from near zero to about twice the average 
crystallographic strain (but less than the wood itself), implies that there are discrete attachment points of some 
kind between microfibril surfaces; and that the part of a microfibril between two such attachment points can 
bear a large or a small fraction of the overall tensile stress. We looked unsuccessfully for features discriminating 
between the stressed and unstressed microfibril domains, including orientation, crystalline disorder, hydration 
and the presence of bound xylan. While this search was not exhaustive, it suggests that the heterogeneity of local 
stress does not arise from structural variation between microfibril segments, but from their location within the 
disordered, anastomosing topology of microfibril  aggregation50,51. For example (Fig. 7) a microfibril segment 
(cross-section 10  nm2) that bridges between a loaded and an unloaded macrofibril (cross-section > 100  nm2) 
would carry more stress than the macrofibrils that it connects.

Figure 7.  Diagrammatic view of a portion of the spruce cell wall, with two cellulose macrofibrils (blue) 
containing xylan (red) that is partly bound to cellulose surfaces. The macrofibrils are separated by a matrix 
composed largely of glucomannan (green) and beaded lignin (yellow). Two macrofibrils are shown bridged by 
a single microfibril, suitably positioned to transmit shear load between the macrofibrils if their position within 
the larger-scale structure leads to their axial stress being unequal. Within each macrofibril the microfibrils are 
shown as held together by non-covalent forces but the right-handed microfibril  twist52 prevents attachment 
zones from being axially continuous.
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Without ruling out matrix shear, it seems worthwhile to look at the possibility that some of the attachment 
points comprise direct contact between two  microfbrils53, contacts capable of sliding under shear stress or 
breaking and re-forming in a different  place17 as has been suggested for primary cell  walls54. The hydrated non-
cellulosic polymers might then have a role in modulating such direct microfibril-microfibril contacts: that is, in 
keeping microfibrils apart rather than joining them together.

The SANS experiments gave some insights into the abundance of direct contact between microfibrils, with 
or without intervention of water that might act as a lubricant. The characteristic centre-to-centre spacing of 
microfibrils uncoated with xylan varies from about 3.1 nm in the dry state to 3.9 nm at full  hydration9 and did not 
change under tension. These spacings are not averages but a function of a distribution whose lower bound is at 
 contact9. They would accommodate one or more interstitial layers of water when the wood cell wall is moisture-
saturated, but not at the lower moisture contents where unequal microfibril stress and time dependence are 
already observed. A mix of water-accessible and water-inaccessible interfaces has been demonstrated by  NMR55 
and  deuteration56 experiments on wood and on pulps consisting mainly of cellulose. In the present experiments 
on spruce wood the wider microfibril spacings where a xylan chain intervenes could not be measured with preci-
sion, but in hardwoods these pairs of microfibrils are not prised apart by  water29.

Different microfibril surfaces could interact in different combinations. The SANS experiments demonstrated 
contacts between hydrophilic microfibril faces, where deuteration provided neutron scattering contrast. Shear 
between hydrophilic faces would depend on hydration and on the structure of the interstitial water. Shear might 
alternatively be facilitated along an interface between the hydrophobic [200] faces of a pair of microfibrils where 
the interfacial attraction is more delocalised, like internal shear between sheets of chains when a microfibril 
 bends57–59. In softwoods the [200] faces are not now considered to occupy a very large fraction of the microfibril 
 surface60.

These observations highlight difficulties that have always existed in the study of wood under stress. In particu-
lar, thin sections of low-MFA conifer wood, with dimensions under about 1 mm, stretch with lower moduli than 
bulk low-MFA wood and with a larger time-dependent, partially irreversible contribution to their  elongation18. 
The thickness-dependent quantitative differences shown in Fig. S1 and Table S1 mean that caution is needed in 
extrapolating deformation mechanisms, especially from the 20 µm FTIR sections, to thick wood samples. The 
accentuated slippage between microfibrils is much easier to study in thin samples but its mechanism may not be 
identical. However these experiments would have been impracticable on thicker samples due to infrared opacity 
(FTIR), or self-absorption (WAXS, WANS)18.

Wood cell walls under tension absorb  moisture33. Some of the absorbed water may penetrate between the 
microfibrils because each microfibril contracts  laterally8 without any change in spacing. Water may also move into 
the matrix between the  macrofibrils61. Water sorption kinetically resembles the viscous component of  stretching62, 
and the time and moisture dependence of Poisson  ratios63,64 would be consistent with coupling between tensile 
deformation and internal redistribution of water.

Although wood is stiffer and less tough than other non-mineralised biological materials, its time-dependent 
deformation is likely to absorb energy similarly and resist fracture, both in the living, hydrated  state3 and when 
dried as a constructional material. Understanding the nanoscale mechanisms will help us to extract optimised 
performance from softwoods and to design new materials, made from wood or  otherwise65,66, with enhanced 
strength and manufacturability.

Materials and methods
Materials. Mature earlywood from Sitka spruce (Picea sitchensis Bong. (Carr.)) was prepared as described 
 previously8. Longitudinal-tangential sections approximately 2.5 mm wide and 0.5 mm thick were excised with 
a razor blade and attached to aluminium tabs, drilled for attachment to the tensile test rig, with epoxy resin in 
a purpose-built jig, leaving a gauge length of 38 mm, as  described8. For neutron diffraction, three such sections 
were mounted side by side on the same pair of tabs. For FTIR, microtome sections with nominal thickness 
20 µm, 1 mm wide, were prepared as  described8 and attached with cyanoacrylate to the fixed and sliding ends of 
a screw-driven, humidity-controlled tensiometer.

Statistical analysis. Significant differences (P < 0.05 unless otherwise stated) were estimated by one-way or 
two-way ANOVA with two-tailed F tests and n as stated for each comparison.

Tensile testing. Longitudinal-tangential sections were attached by their aluminium tabs to pins fitted to the 
jaws of a Tinius Olsen H1KS tensile testing machine with a 250 N load cell (Tinius Olsen 6 Perrywood Business 
Park, Honeycrock Lane, Salford, Surrey RH1 5DZ, England). A simple non-circulating humidity chamber was 
fitted enclosing the sample for measurements in the dry state or wet at above 30% moisture content, the approxi-
mate fibre saturation point. Load-deformation curves were recorded at a constant speed of 1 mm per min. The 
tensile modulus was calculated from the slope of the linear region and the sample dimensions measured dry 
with a screw micrometer. For stress-relaxation measurements the decaying load was measured manually at 30 s 
intervals. Strain was determined from the input crosshead position and all strain measurements were corrected 
for machine deflection using the load–deflection curve measured with a 15 × 2 mm aluminium bar substituted 
for the sample.

WAXS with tensile stress. Samples were stretched at ambient temperature and humidity (∼50% relative 
humidity) on a purpose-built screw-driven tensile test rig fitted to the goniometer head of a Rigaku R-axis/
RAPID image plate diffractometer with a Mo Kα radiation (λ = 0.07071 nm) source, as  described8. The sample 
was set with its axis either vertical or tilted at 7° away from the beam, the tilt angle being calculated to record the 
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full width of the 004 reflection in one half of the diffraction pattern. When the sample was not tilted, strain was 
measured directly from the gauge length of the sample, i.e. its free length between the attachment tabs, using 
a digital micrometer. With the sample tilted, strain was measured from the pitch of the driving screw thread 
(0.4 mm) and the leverage (× 5 or × 10). Collection and adjustment time for one data point in each stretching 
experiment was approximately 20 min. Rigaku CrystalClear version 1.4.0 and AreaMax version 1.1.5 (Rigaku 
Inc., The Woodlands, TX) were used to collect the X-ray diffraction patterns and for their initial processing 
before conversion to polar coordinates with pixel size 2° of azimuth and 0.1° of radial position 2θ.  LaB6 was used 
to calibrate 2θ and to estimate radial instrumental broadening (approx. 0.10°). Further data processing, with 
adjustments to compensate for beam centring and rotation between diffraction patterns within each experiment, 
was carried out in Microsoft Excel.

Correlative shift mapping (CSM). The following method was used for simultaneous mapping of radial 
and azimuthal shifts of both discrete reflections and diffuse features when comparing diffraction patterns from 
the same sample with and without stretching. The WAXS images, formatted in polar co-ordinates as above, were 
used without background correction. A 9 × 9 pixel window around each pixel of the diffraction pattern from the 
stretched sample was shifted by an adjustable δΧ and δ2θ. The values of δΧ and δ2θ for the window in ques-
tion were then simultaneously adjusted to maximise the absolute value of the correlation coefficient r with the 
corresponding window in the diffraction pattern that had been recorded at the start of the experiment, without 
stretching. The resulting values of δ2θ were filtered to remove pixels with r below a threshold value then plotted 
as a contour map. These operations were carried out using a series of macros in Microsoft Excel.

Neutron scattering with tensile stress. Neutron diffraction patterns were collected under controlled 
humidity with vapour-phase deuteration on beamline D19 at ILL, Grenoble as described previously for struc-
tural studies of fibrous  systems29,67–69. A screw-driven tensile testing rig was purpose-built to fit inside the con-
trolled-environment chamber on beamlines D19 (WANS) and D33 (SANS), on the same principle as the rig 
used for WAXS under  tension8 but more compact and more robust to withstand the greater forces required 
because of the larger sample cross-section required to achieve adequate signal: noise in WANS. Strain was meas-
ured as for the tilted WAXS experiments. The WANS data were processed as  described29. Radial instrumental 
broadening was similar to WAXS although azimuthal broadening was greater. A WANS tensile experiment with 
6 stretch levels typically required 12 h of beamtime. The SANS data were collected and processed as  described14.

FTIR spectroscopy under tensile stress. Spectral series were recorded from longitudinal-tangential sec-
tions during progressive elongation, stress-relaxation and creep experiments, in some cases with vapour-phase9 
or partial internal  deuteration8 in a purpose-built, screw-driven extensiometer. Strain was determined directly 
from the pitch of the screw thread (0.4  mm). Bandshifts were extracted from the spectral series by correla-
tive shift analysis, an approach analogous to the two-dimensional CSM described above. Within a seven-point 
(14 cm−1) moving window, the spectrum recorded under stress was shifted in frequency by δv and correlated 
with the initial spectrum, adjusting δv to minimise (1 − r2). Because flat regions of the spectrum gave low cor-
relation coefficients and spurious shifts the output data were filtered using the gain factor (1 − r2)δv / (1−r2)(δv=0). 
A gain factor of 10 or 20 was considered to be significant depending on the experiment. The raw spectra with no 
baseline correction or normalisation were used directly as in the CSM procedure, minimising artefacts.

Received: 24 June 2020; Accepted: 8 December 2020

References
 1. Jakes, J. E. et al. Not just lumber-using wood in the sustainable future of materials, chemicals, and fuels. JOM 68, 2395–2404. https 

://doi.org/10.1007/s1183 7-016-2026-7 (2016).
 2. Altaner, C. M. & Jarvis, M. C. Modelling polymer interactions of the “molecular Velcro” type in wood under mechanical stress. J. 

Theor. Biol. 253, 434–445. https ://doi.org/10.1016/j.jtbi.2008.03.010 (2008).
 3. Ray, P. M. & Bret-Harte, M. S. Elastic and irreversible bending of tree and shrub branches under cantilever loads. Front. Plant Sci. 

https ://doi.org/10.3389/fpls.2019.00059  (2019).
 4. Berglund, L. A. & Burgert, I. Bioinspired wood nanotechnology for functional materials. Adv. Mater. https ://doi.org/10.1002/

adma.20170 4285 (2018).
 5. Terrett, O. M. et al. Molecular architecture of softwood revealed by solid-state NMR. Nat. Commun. 10, 4978–4978. https ://doi.

org/10.1038/s4146 7-019-12979 -9 (2019).
 6. Phyo, P., Wang, T., Yang, Y., O’Neil, H. & Hong, M. Direct determination of hydroxymethyl conformations of plant cell wall cel-

lulose using H-1 Polarization Transfer Solid-State NMR. Biomacromol 19, 1485–1497. https ://doi.org/10.1021/acs.bioma c.8b000 
39 (2018).

 7. Nishiyama, Y., Johnson, G. P. & French, A. D. Diffraction from nonperiodic models of cellulose crystals. Cellulose 19, 319–336. 
https ://doi.org/10.1007/s1057 0-012-9652-1 (2012).

 8. Altaner, C. M., Thomas, L. H., Fernandes, A. N. & Jarvis, M. C. How cellulose stretches: synergism between covalent and hydrogen 
bonding. Biomacromol 15, 791–798. https ://doi.org/10.1021/bm401 616n (2014).

 9. Fernandes, A. N. et al. Nanostructure of cellulose microfibrils in spruce wood. Proc. Natl. Acad. Sci. U.S.A. 108, E1195–E1203. 
https ://doi.org/10.1073/pnas.11089 42108  (2011).

 10. Du, X. et al. Analysis of lignin-carbohydrate and lignin-lignin linkages after hydrolase treatment of xylan-lignin, glucomannan-
lignin and glucan-lignin complexes from spruce wood. Planta 239, 1079–1090. https ://doi.org/10.1007/s0042 5-014-2037-y (2014).

 11. Terrett, O. M. & Dupree, P. Covalent interactions between lignin and hemicelluloses in plant secondary cell walls. Curr. Opin. 
Biotechnol. 56, 97–104. https ://doi.org/10.1016/j.copbi o.2018.10.010 (2019).

https://doi.org/10.1007/s11837-016-2026-7
https://doi.org/10.1007/s11837-016-2026-7
https://doi.org/10.1016/j.jtbi.2008.03.010
https://doi.org/10.3389/fpls.2019.00059
https://doi.org/10.1002/adma.201704285
https://doi.org/10.1002/adma.201704285
https://doi.org/10.1038/s41467-019-12979-9
https://doi.org/10.1038/s41467-019-12979-9
https://doi.org/10.1021/acs.biomac.8b00039
https://doi.org/10.1021/acs.biomac.8b00039
https://doi.org/10.1007/s10570-012-9652-1
https://doi.org/10.1021/bm401616n
https://doi.org/10.1073/pnas.1108942108
https://doi.org/10.1007/s00425-014-2037-y
https://doi.org/10.1016/j.copbio.2018.10.010


12

Vol:.(1234567890)

Scientific Reports |          (2021) 11:453  | https://doi.org/10.1038/s41598-020-79676-2

www.nature.com/scientificreports/

 12. Jarvis, M. C. Structure of native cellulose microfibrils, the starting point for nanocellulose manufacture. Philos. Trans. R. Soc. Math. 
Phys. Eng. Sci. https ://doi.org/10.1098/rsta.2017.0045 (2018).

 13. Salmen, L. & Burgert, I. Cell wall features with regard to mechanical performance. A review. COST Action E35 2004–2008: wood 
machining—micromechanics and fracture. Holzforschung 63, 121–129. https ://doi.org/10.1515/hf.2009.011 (2009).

 14. Thomas, L. H., Martel, A., Grillo, I. & Jarvis, M. C. Hemicellulose binding and the spacing of cellulose microfibrils in spruce wood. 
Cellulose 27, 4249–4254. https ://doi.org/10.1007/s1057 0-020-03091 -z (2020).

 15. Barnett, J. R. & Bonham, V. A. Cellulose microfibril angle in the cell wall of wood fibres. Biol. Rev. 79, 461–472. https ://doi.
org/10.1017/s1464 79310 30063 77 (2004).

 16. Wegst, U. G. K. & Ashby, M. F. The mechanical efficiency of natural materials. Philos. Mag. 84, 2167–2181. https ://doi.
org/10.1080/14786 43041 00016 80935  (2004).

 17. Keckes, J. et al. Cell-wall recovery after irreversible deformation of wood. Nat. Mater. 2, 810–814. https ://doi.org/10.1038/nmat1 
019 (2003).

 18. Guo, F., Altaner, C. & Jarvis, M. Thickness-dependent stiffness of wood: potential mechanisms and implications. Holzforschung 
74, 1079–1087. https ://doi.org/10.1515/hf-2019-0311 (2020).

 19. Agarwal, U. P., Ralph, S. A., Reiner, R. S. & Baez, C. Probing crystallinity of never-dried wood cellulose with Raman spectroscopy. 
Cellulose 23, 125–144. https ://doi.org/10.1007/s1057 0-015-0788-7 (2016).

 20. Peura, M. et al. The effect of axial strain on crystalline cellulose in Norway spruce. Wood Sci. Technol. 41, 565–583. https ://doi.
org/10.1007/s0022 6-007-0141-x (2007).

 21. Almeras, T., Gronvold, A., van der Lee, A., Clair, B. & Montero, C. Contribution of cellulose to the moisture-dependent elastic 
behaviour of wood. Compos. Sci. Technol. 138, 151–160. https ://doi.org/10.1016/j.comps citec h.2016.11.025 (2017).

 22. Salmen, L. & Bergstrom, E. Cellulose structural arrangement in relation to spectral changes in tensile loading FTIR. Cellulose 16, 
975–982. https ://doi.org/10.1007/s1057 0-009-9331-z (2009).

 23. Barthelat, F., Yin, Z. & Buehler, M. J. Structure and mechanics of interfaces in biological materials. Nat. Rev. Mater. https ://doi.
org/10.1038/natre vmats .2016.7 (2016).

 24. Hofstetter, K., Hinterstoisser, B. & Salmen, L. Moisture uptake in native cellulose - the roles of different hydrogen bonds: a dynamic 
FT-IR study using deuterium exchange. Cellulose 13, 131–145. https ://doi.org/10.1007/s1057 0-006-9055-2 (2006).

 25. Driemeier, C., Mendes, F. M. & Ling, L. Y. Hydrated fractions of cellulosics probed by infrared spectroscopy coupled with dynamics 
of deuterium exchange. Carbohydr. Polym. 127, 152–159. https ://doi.org/10.1016/j.carbp ol.2015.03.068 (2015).

 26. Nakai, T., Yamamoto, H. & Nakao, T. The relationship between macroscopic strain and crystal lattice strain in wood under uniaxial 
stress in the fiber direction. J. Wood Sci. 51, 193–194. https ://doi.org/10.1007/s1008 6-005-0697-8 (2005).

 27. Thomas, L. H. et al. Diffraction evidence for the structure of cellulose microfibrils in bamboo, a model for grass and cereal cel-
luloses. BMC Plant Biol. https ://doi.org/10.1186/s1287 0-015-0538-x (2015).

 28. Thomas, L. H., Altaner, C. M. & Jarvis, M. C. Identifying multiple forms of lateral disorder in cellulose fibres. J. Appl. Crystallogr. 
46, 972–979. https ://doi.org/10.1107/s0021 88981 30105 6x (2013).

 29. Thomas, L. H. et al. Structure and spacing of cellulose microfibrils in woody cell walls of dicots. Cellulose 21, 3887–3895. https ://
doi.org/10.1007/s1057 0-014-0431-z (2014).

 30. Gierlinger, N. New insights into plant cell walls by vibrational microspectroscopy. Appl. Spectrosc. Rev. 53, 517–551. https ://doi.
org/10.1080/05704 928.2017.13630 52 (2018).

 31. Gierlinger, N. et al. Cellulose microfibril orientation of Picea abies and its variability at the micron-level determined by Raman 
imaging. J. Exp. Bot. 61, 587–595. https ://doi.org/10.1093/jxb/erp32 5 (2010).

 32. Nishiyama, Y., Langan, P. & Chanzy, H. Crystal structure and hydrogen-bonding system in cellulose 1 beta from synchrotron X-ray 
and neutron fiber diffraction. J. Am. Chem. Soc. 124, 9074–9082. https ://doi.org/10.1021/ja025 7319 (2002).

 33. Guo, F. & Altaner, C. M. Effects of mechanical stretching, desorption and isotope exchange on deuterated eucalypt wood studied by 
near infrared spectroscopy. Spectrochim. Acta Part A Mol. Biomol. Spectrosc. 211, 254–259. https ://doi.org/10.1016/j.saa.2018.12.012 
(2019).

 34. Montero, C., Clair, B., Almeras, T., van der Lee, A. & Grila, J. Relationship between wood elastic strain under bending and cellulose 
crystal strain. Compos. Sci. Technol. 72, 175–181. https ://doi.org/10.1016/j.comps citec h.2011.10.014 (2012).

 35. Fackler, K. et al. FT-IR imaging microscopy to localise and characterise simultaneous and selective white-rot decay within spruce 
wood cells. Holzforschung 65, 411–420. https ://doi.org/10.1515/hf.2011.048 (2011).

 36. Sampath, S. et al. X-ray diffraction study of nanocrystalline and amorphous structure within major and minor ampullate dragline 
spider silks. Soft Matter 8, 6713–6722. https ://doi.org/10.1039/c2sm2 5373a  (2012).

 37. Lee, C. M. et al. Hydrogen-bonding network and OH stretch vibration of cellulose: comparison of computational modeling with 
polarized IR and SFG spectra. J. Phys. Chem. B 119, 15138–15149. https ://doi.org/10.1021/acs.jpcb.5b080 15 (2015).

 38. Chen, Z., Hu, T. Q., Jang, H. F. & Grant, E. Multivariate analysis of hemicelluloses in bleached kraft pulp using infrared spectroscopy. 
Appl. Spectrosc. 70, 1981–1993. https ://doi.org/10.1177/00037 02816 67536 3 (2016).

 39. Popescu, C.-M. et al. Vibrational spectroscopy and X-ray diffraction methods to establish the differences between hardwood and 
softwood. Carbohydr. Polym. 77, 851–857. https ://doi.org/10.1016/j.carbp ol.2009.03.011 (2009).

 40. Stefke, B., Windeisen, E., Schwanninger, M. & Hinterstoisser, B. Determination of the weight percentage gain and of the acetyl 
group content of acetylated wood by means of different infrared spectroscopic methods. Anal. Chem. 80, 1272–1279. https ://doi.
org/10.1021/ac702 0823 (2008).

 41. Akerholm, M. & Salmen, L. Softening of wood polymers induced by moisture studied by dynamic FTIR spectroscopy. J. Appl. 
Polym. Sci. 94, 2032–2040. https ://doi.org/10.1002/app.21133  (2004).

 42. Akerholm, M. & Salmen, L. Interactions between wood polymers studied by dynamic FT-IR spectroscopy. Polymer 42, 963–969. 
https ://doi.org/10.1016/s0032 -3861(00)00434 -1 (2001).

 43. Akerholm, M., Hinterstoisser, B. & Salmen, L. Characterization of the crystalline structure of cellulose using static and dynamic 
FT-IR spectroscopy. Carbohydr. Res. 339, 569–578. https ://doi.org/10.1016/j.carre s.2003.11.012 (2004).

 44. Djahedi, C., Bergenstrahle-Wohlert, M., Berglund, L. A. & Wohlert, J. Role of hydrogen bonding in cellulose deformation: the 
leverage effect analyzed by molecular modeling. Cellulose 23, 2315–2323. https ://doi.org/10.1007/s1057 0-016-0968-0 (2016).

 45. Eder, M., Arnould, O., Dunlop, J. W. C., Hornatowska, J. & Salmen, L. Experimental micromechanical characterisation of wood 
cell walls. Wood Sci. Technol. 47, 163–182. https ://doi.org/10.1007/s0022 6-012-0515-6 (2013).

 46. Newman, R. H., Hill, S. J. & Harris, P. J. Wide-angle X-ray scattering and solid-state nuclear magnetic resonance data combined to 
test models for cellulose microfibrils in mung bean cell walls. Plant Physiol. 163, 1558–1567. https ://doi.org/10.1104/pp.113.22826 
2 (2013).

 47. Terashima, N. et al. Nanostructural assembly of cellulose, hemicellulose, and lignin in the middle layer of secondary wall of ginkgo 
tracheid. J. Wood Sci. 55, 409–416. https ://doi.org/10.1007/s1008 6-009-1049-x (2009).

 48. Akerholm, M. & Salmen, L. The oriented structure of lignin and its viscoelastic properties studied by static and dynamic FT-IR 
spectroscopy. Holzforschung 57, 459–465. https ://doi.org/10.1515/hf.2003.069 (2003).

 49. Salmen, L., Stevanic, J. S. & Olsson, A.-M. Contribution of lignin to the strength properties in wood fibres studied by dynamic 
FTIR spectroscopy and dynamic mechanical analysis (DMA). Holzforschung 70, 1155–1163. https ://doi.org/10.1515/hf-2016-0050 
(2016).

https://doi.org/10.1098/rsta.2017.0045
https://doi.org/10.1515/hf.2009.011
https://doi.org/10.1007/s10570-020-03091-z
https://doi.org/10.1017/s1464793103006377
https://doi.org/10.1017/s1464793103006377
https://doi.org/10.1080/14786430410001680935
https://doi.org/10.1080/14786430410001680935
https://doi.org/10.1038/nmat1019
https://doi.org/10.1038/nmat1019
https://doi.org/10.1515/hf-2019-0311
https://doi.org/10.1007/s10570-015-0788-7
https://doi.org/10.1007/s00226-007-0141-x
https://doi.org/10.1007/s00226-007-0141-x
https://doi.org/10.1016/j.compscitech.2016.11.025
https://doi.org/10.1007/s10570-009-9331-z
https://doi.org/10.1038/natrevmats.2016.7
https://doi.org/10.1038/natrevmats.2016.7
https://doi.org/10.1007/s10570-006-9055-2
https://doi.org/10.1016/j.carbpol.2015.03.068
https://doi.org/10.1007/s10086-005-0697-8
https://doi.org/10.1186/s12870-015-0538-x
https://doi.org/10.1107/s002188981301056x
https://doi.org/10.1007/s10570-014-0431-z
https://doi.org/10.1007/s10570-014-0431-z
https://doi.org/10.1080/05704928.2017.1363052
https://doi.org/10.1080/05704928.2017.1363052
https://doi.org/10.1093/jxb/erp325
https://doi.org/10.1021/ja0257319
https://doi.org/10.1016/j.saa.2018.12.012
https://doi.org/10.1016/j.compscitech.2011.10.014
https://doi.org/10.1515/hf.2011.048
https://doi.org/10.1039/c2sm25373a
https://doi.org/10.1021/acs.jpcb.5b08015
https://doi.org/10.1177/0003702816675363
https://doi.org/10.1016/j.carbpol.2009.03.011
https://doi.org/10.1021/ac7020823
https://doi.org/10.1021/ac7020823
https://doi.org/10.1002/app.21133
https://doi.org/10.1016/s0032-3861(00)00434-1
https://doi.org/10.1016/j.carres.2003.11.012
https://doi.org/10.1007/s10570-016-0968-0
https://doi.org/10.1007/s00226-012-0515-6
https://doi.org/10.1104/pp.113.228262
https://doi.org/10.1104/pp.113.228262
https://doi.org/10.1007/s10086-009-1049-x
https://doi.org/10.1515/hf.2003.069
https://doi.org/10.1515/hf-2016-0050


13

Vol.:(0123456789)

Scientific Reports |          (2021) 11:453  | https://doi.org/10.1038/s41598-020-79676-2

www.nature.com/scientificreports/

 50. Reza, M., Bertinetto, C., Ruokolainen, J. & Vuorinen, T. Cellulose elementary fibrils assemble into helical bundles in S1 layer of 
spruce tracheid wall. Biomacromol 18, 374–378. https ://doi.org/10.1021/acs.bioma c.6b013 96 (2017).

 51. Xu, P., Donaldson, L. A., Gergely, Z. R. & Staehelin, L. A. Dual-axis electron tomography: a new approach for investigating the 
spatial organization of wood cellulose microfibrils. Wood Sci. Technol. 41, 101–116. https ://doi.org/10.1007/s0022 6-006-0088-3 
(2007).

 52. Conley, K., Whitehead, M. A. & van de Ven, T. G. M. Probing the structural chirality of crystalline cellulose with induced circular 
dichroism. Cellulose 24, 479–486. https ://doi.org/10.1007/s1057 0-016-1130-8 (2017).

 53. Oehme, D. P. et al. Gaining insight into cell wall cellulose macrofibril organisation by simulating microfibril adsorption. Cellulose 
22, 3501–3520. https ://doi.org/10.1007/s1057 0-015-0778-9 (2015).

 54. Cosgrove, D. J. Nanoscale structure, mechanics and growth of epidermal cell walls. Curr. Opin. Plant Biol. 46, 77–86. https ://doi.
org/10.1016/j.pbi.2018.07.016 (2018).

 55. Malm, E., Bulone, V., Wickholm, K., Larsson, P. T. & Iversen, T. The surface structure of well-ordered native cellulose fibrils in 
contact with water. Carbohydr. Res. 345, 97–100. https ://doi.org/10.1016/j.carre s.2009.10.020 (2010).

 56. Lindh, E. L. & Salmen, L. Surface accessibility of cellulose fibrils studied by hydrogen-deuterium exchange with water. Cellulose 
24, 21–33. https ://doi.org/10.1007/s1057 0-016-1122-8 (2017).

 57. Jarvis, M. C. Interconversion of the I alpha and I beta crystalline forms of cellulose by bending. Carbohydr. Res. 325, 150–154. 
https ://doi.org/10.1016/s0008 -6215(99)00316 -x (2000).

 58. Chen, P., Ogawa, Y., Nishiyama, Y., Ismail, A. E. & Mazeau, K. Linear, non-linear and plastic bending deformation of cellulose 
nanocrystals. Phys. Chem. Chem. Phys. 18, 19880–19887. https ://doi.org/10.1039/c6cp0 0624h  (2016).

 59. Molnar, G. et al. Cellulose crystals plastify by localized shear. Proc. Natl. Acad. Sci. U.S.A. 115, 7260–7265. https ://doi.org/10.1073/
pnas.18000 98115  (2018).

 60. Yang, H. & Kubicki, J. D. A density functional theory study on the shape of the primary cellulose microfibril in plants: effects of 
C6 exocyclic group conformation and H-bonding. Cellulose 27, 2389–2402. https ://doi.org/10.1007/s1057 0-020-02970 -9 (2020).

 61. Plaza, N. Z., Pingali, S. V., Qian, S., Heller, W. T. & Jakes, J. E. Informing the improvement of forest products durability using small 
angle neutron scattering. Cellulose 23, 1593–1607. https ://doi.org/10.1007/s1057 0-016-0933-y (2016).

 62. Hill, C. A. S., Norton, A. J. & Newman, G. The water vapour sorption properties of Sitka spruce determined using a dynamic 
vapour sorption apparatus. Wood Sci. Technol. 44, 497–514. https ://doi.org/10.1007/s0022 6-010-0305-y (2010).

 63. Taniguchi, Y. & Ando, K. Time dependence of Poisson’s effect in wood I: the lateral strain behavior. J. Wood Sci. 56, 100–106. https 
://doi.org/10.1007/s1008 6-009-1070-0 (2010).

 64. Mizutani, M. & Ando, K. Influence of a wide range of moisture contents on the Poisson’s ratio of wood. J. Wood Sci. 61, 81–85. 
https ://doi.org/10.1007/s1008 6-014-1438-7 (2015).

 65. Chen, C. et al. Structure-property-function relationships of natural and engineered wood. Nat. Rev. Mater. https ://doi.org/10.1038/
s4157 8-020-0195-z (2020).

 66. Marthin, O. & Gamstedt, E. K. Damage shielding mechanisms in hierarchical composites in nature with potential for design of 
tougher structural materials. R. Soc. Open Sci. https ://doi.org/10.1098/rsos.18173 3 (2019).

 67. Fuller, W., Forsyth, T. & Mahendrasingam, A. Water-DNA interactions as studied by X-ray and neutron fibre diffraction. Philos. 
Trans. R. Soc. B Biol. Sci. 359, 1237–1247. https ://doi.org/10.1098/rstb.2004.1501 (2004).

 68. Gardner, K. H., English, A. D. & Forsyth, V. T. New insights into the structure of poly(p-phenylene terephthalamide) from neutron 
fiber diffraction studies. Macromolecules 37, 9654–9656. https ://doi.org/10.1021/ma048 445l (2004).

 69. Wada, M. et al. Neutron crystallographic and molecular dynamics studies of the structure of ammonia-cellulose I: rearrangement 
of hydrogen bonding during the treatment of cellulose with ammonia. Cellulose 18, 191–206. https ://doi.org/10.1007/s1057 0-010-
9488-5 (2011).

Acknowledgements
We thank ILL, Grenoble for a grant (beamtime award 9-13-300) and Rigaku UK Ltd for the gift of a diffrac-
tometer. We also thank John Archer (ILL) who designed and constructed the tensile testing apparatus used for 
WANS and SANS. VTF acknowledges the award of grant GR/R47950/01 which funded the refurbishment of 
the D19 diffractometer at the ILL.

Author contributions
L.H.T. contributed to planning the research and conducted WAXS, WANS and SANS experiments and associ-
ated data analysis. C.M.A. contributed to planning the research and conducted FTIR experiments. V.T.F. and 
E.M. helped to plan, conduct and analyse WANS experiments. A.M. helped to plan, conduct and analyse SANS 
experiments. C.J.K helped to analyse SANS experiments. M.C.J. contributed to planning the research, conducted 
FTIR experiments and analysed data. All authors contributed towards preparing the article.

Competing interests 
The authors declare no competing interests.

Additional information
Supplementary information The online version contains supplementary material available at https ://doi.
org/10.1038/s4159 8-020-79676 -2.

Correspondence and requests for materials should be addressed to M.C.J.

Reprints and permissions information is available at www.nature.com/reprints.

Publisher’s note Springer Nature remains neutral with regard to jurisdictional claims in published maps and 
institutional affiliations.

https://doi.org/10.1021/acs.biomac.6b01396
https://doi.org/10.1007/s00226-006-0088-3
https://doi.org/10.1007/s10570-016-1130-8
https://doi.org/10.1007/s10570-015-0778-9
https://doi.org/10.1016/j.pbi.2018.07.016
https://doi.org/10.1016/j.pbi.2018.07.016
https://doi.org/10.1016/j.carres.2009.10.020
https://doi.org/10.1007/s10570-016-1122-8
https://doi.org/10.1016/s0008-6215(99)00316-x
https://doi.org/10.1039/c6cp00624h
https://doi.org/10.1073/pnas.1800098115
https://doi.org/10.1073/pnas.1800098115
https://doi.org/10.1007/s10570-020-02970-9
https://doi.org/10.1007/s10570-016-0933-y
https://doi.org/10.1007/s00226-010-0305-y
https://doi.org/10.1007/s10086-009-1070-0
https://doi.org/10.1007/s10086-009-1070-0
https://doi.org/10.1007/s10086-014-1438-7
https://doi.org/10.1038/s41578-020-0195-z
https://doi.org/10.1038/s41578-020-0195-z
https://doi.org/10.1098/rsos.181733
https://doi.org/10.1098/rstb.2004.1501
https://doi.org/10.1021/ma048445l
https://doi.org/10.1007/s10570-010-9488-5
https://doi.org/10.1007/s10570-010-9488-5
https://doi.org/10.1038/s41598-020-79676-2
https://doi.org/10.1038/s41598-020-79676-2
www.nature.com/reprints


14

Vol:.(1234567890)

Scientific Reports |          (2021) 11:453  | https://doi.org/10.1038/s41598-020-79676-2

www.nature.com/scientificreports/

Open Access  This article is licensed under a Creative Commons Attribution 4.0 International 
License, which permits use, sharing, adaptation, distribution and reproduction in any medium or 

format, as long as you give appropriate credit to the original author(s) and the source, provide a link to the 
Creative Commons licence, and indicate if changes were made. The images or other third party material in this 
article are included in the article’s Creative Commons licence, unless indicated otherwise in a credit line to the 
material. If material is not included in the article’s Creative Commons licence and your intended use is not 
permitted by statutory regulation or exceeds the permitted use, you will need to obtain permission directly from 
the copyright holder. To view a copy of this licence, visit http://creat iveco mmons .org/licen ses/by/4.0/.

© The Author(s) 2021

http://creativecommons.org/licenses/by/4.0/

	Nanostructural deformation of high-stiffness spruce wood under tension
	Results
	Tensile properties. 
	Polymer reorientation under tensile stress. 
	Elongation of the cellulose unit cell under tension. 
	Change in radial width of the 004 reflection under tension. 
	Minor axial reflections in WAXS and WANS. 
	Changes in microfibril spacing estimated by SANS. 
	FTIR bandshifts under tension. 

	Discussion
	Materials and methods
	Materials. 
	Statistical analysis. 
	Tensile testing. 
	WAXS with tensile stress. 
	Correlative shift mapping (CSM). 
	Neutron scattering with tensile stress. 
	FTIR spectroscopy under tensile stress. 

	References
	Acknowledgements


